Underlying the architectural complexity of plants are diverse cell types that, under the microscope, easily reveal relationships between cell structure and specialized functions. Much less obvious are the mechanisms by which the cellular growth machinery and mechanical properties of the cell interact to dictate cell shape. The recent combined use of mutants, genomic analyses, sophisticated spectroscopies, and live cell imaging is providing new insight into how cytoskeletal systems and cell wall biosynthetic activities are integrated during morphogenesis. The purpose of this review is to discuss the unique geometric properties and physical processes that regulate plant cell expansion, then to overlay on this mechanical system some of the recent discoveries about the protein machines and cellular polymers that regulate cell shape. In the end, we hope to make clear that there are many interesting opportunities to develop testable mathematical models that improve our understanding of how subcellular structures, protein motors, and extracellular polymers can exert effects at spatial scales that span cells, tissues, and organs.
Introduction
Plants convert solar radiation to chemical energy stored in the bonds of sugar molecules. These sugar molecules are stored, transported, and diverted into the metabolic pathways that have been tuned and altered by selection. Historically, human selection has focused on food and fiber production and the qualities of seeds, but there also is a critical importance for plants as factories for the synthesis of valuable organic molecules and as feedstocks for renewable energy. The overall architecture of the plant is an important structural determinant of solar energy capture and plant productivity. Physical characteristics of the leaf and the timing of its expansion are key parameters, and breeding for maize with a shallower leaf angle has permitted higher planting densities, which has been the most significant genetic factor in the recent increases in corn yield. Additional architectural optimizations for land plants include investing energy in root architecture to efficiently extract the ions and water that are needed to support growth.
The elaboration of plant form arises from a fixed location where the seed germinates and the root and shoot develop in opposite directions. Plants grow to occupy and move within a three-dimensional space, but the movement and development is not driven by the motility of individual cells on a solid substrate. Instead, spatially defined groups of dividing meristematic cells generate the progenitors that give rise to specialized organs. As plant cells exit the cell cycle, many undergo multiple rounds of endoreduplication [1, 2] and increase in volume by several orders of magnitude. The cellular coordination of endoreduplication and cell expansion remains unclear, but it is known that cell expansion is a key determinant of the overall shape and size of the organ [3] .
Most plant cell expansion occurs in a crowded environment. Populations of cells in a tissue grow symplastically. More specifically, plant cells grow confluently and share adjacent cell walls and plasmodesmata that form intercellular cytosolic continuity [4] . Plant cells can also expand by an 'intrusive' growth mechanism to displace cell wall connections between an adjacent pair of cells [5] . Due to the mechanical nature of plant development, the functions of plant cells within complex tissues are intimately linked to their size, structure, and intracellular organization. For example, xylem cells synthesize heavily thickened secondary cell walls that allow the water conducting system to withstand strong negative pressures generated by evapotranspiration. In the leaf epidermis, pavement cells generate an interdigitating network of cells that prevents water loss and may exert a controlling influence on the overall architecture and development of the organ [6, 7] . Root hair cells elongate via tip growth, dramatically increasing the cell surface area and nutrient uptake capacity of the root. Fiber cells elongate intrusively, in many cases growing to many millimeters in length, and provide remarkable mechanical strength and resiliency for stems and leaves. Clearly, understanding how cellular functions are integrated during morphogenesis is a question of both practical and biological significance. The combined use of mutants, advanced biochemical technologies, and sophisticated imaging techniques is providing exciting new insights into how cytoskeletal and cell wall networks self assemble and interact to dictate cell shape.
The purpose of this article is to attempt to integrate the new data with known and hypothesized physical processes that control plant cell expansion. The reader will find that the mechanics of plant cell shape control is unique and complex, but at the same time experimentally tractable. We will discuss potential mechanisms by which cell wall, microtubule, and actin cytoskeleton dynamics contribute to cell shape control. We will also discuss the challenge of understanding how protein assemblies dictate behaviors from spatial scales that span cells, tissues, and organs. of the cell. In general, cell boundary distortion is slow and irreversible.
Despite their common origin, the final cell shape and intercellular connectivities vary wildly among different cell types. In some cases, such as the photosynthetically active leaf mesophyll cells, the cells detach from their neighbors and expand with a high degree of symmetry to yield round, oval, or gently lobed cells with curved boundaries [9] [10] [11] . Generating air space for gas exchange within the leaf is an important outcome of this diffuse growth. In most cell types expansion is anisotropic, giving rise to long cylindrical cells that may reach hundreds of microns in length. Usually more than 90% of the mature cell volume is contained within the central vacuole. As described in the next section, cell growth results from controlled yielding of the cell wall, which is separated from cytoplasmic processes by the plasma membrane. Although the cell wall is commonly thought of as extracellular, most cell walls in the plant body are thin (< 1 um) and tightly appressed between the plasma membranes of adjacent cells. Consequently, it is more useful to think of the wall as another cell organelle, comprising perhaps 5% of the cell volume and regulated by cytoplasmic and membrane processes that control pH, ion activities, reactive oxygen species, the concentration of metabolites, enzyme content and structural components [8, 12, 13] .
Longitudinally oriented root epidermal cells illustrate a typical cylindrical shape ( Figure 1A ), but with an additional twist. Some root epidermal cells (trichoblasts) initiate a new growth axis that gives rise to a highly specialized extension [14] . The root hair emerges from the proximal end of the cell as a broad bulge with a constant and broad radius of curvature along the apical surface ( Figure 1A ). The integration of multiple cellular activities during tip growth has been recently reviewed [15] and this cell type has been the subject of mathematical modeling of morphogenesis and anisotropic growth [16, 17] . The cytoplasm reorganizes at the bulge and from this domain the growing root hair emerges [18] and extends by tip growth at w1-2 mm/min [16] . A similar tip growth mechanism drives pollen tube elongation [19] and filamentous growth in the moss Physcomitrella patens [20] .
Other epidermal cell types in the shoot have very ornate shapes. Perhaps most dramatic are the branched unicellular trichomes ( Figure 1B ). This cell type protects the plant against herbivory but is non-essential under laboratory growth conditions, making it an ideal genetic model for cell shape control. Early in trichome development, the stalks and branches emerge from broad hemispherical domes of cell expansion with a radius of curvature that closely resemble root hair bulges ( Figure 1B ). An early event of trichome branch elongation is refinement of the blunt apex to a finer point with a greatly reduced radius of curvature [21] . Expansion of this cell type is likely to include combinations of polarized diffuse growth and some element of tipfocused cytoplasmic control that is distinct from classic tip growth [22, 23] . Pavement cells are another highly polarized leaf epidermal cell type [24] [25] [26] . In this cell type as well, the complex shape and highly polarized lobes of fully expanded cells ( Figure 1C ) can be traced back to broad w5-10 mm diameter bulges at the cell perimeter. Each of these examples illustrates the most common features of cell shape change in plants: polarized, irreversible changes in cell shape that occur in broad regions of the cell that span spatial domains on the scales of w5-10 mm. Although each of the shape changes described above is generated by distinct mechanisms, each is associated with a localized increase in cytoplasmic density, the generation and maintenance of long distance intracellular supply routes to the site of polarized growth, and the local synthesis and modification of the new cell wall material.
Mechanics of Cell Shape Change and Anisotropic Cell Expansion
Plant cell enlargement results from a coupling of hydraulic, rheological, and biochemical processes to enable simultaneous water uptake by the cell and irreversible surface expansion (yielding) of the cell wall. Hydraulics plays an essential but passive role in controlling cell growth [27, 28] . The immediate control lies in the wall's ability to yield to wall stress, which is controlled remotely by the cytoplasm and plasma membrane, which deliver structural materials and catalytic proteins to the wall and regulate its pH [8] .
Turgor and Wall Stress Plant cells develop high turgor pressures stemming from their accumulation of osmotically active solutes. Osmosis draws water into the cell, but the wall limits cell expansion, resulting in a build up of turgor pressure and its counterforce, the tensile stress within the cell wall ( Figure 2A ). While turgor pressure is uniform and isotropic within the cell, wall stresses are not generally uniform, but depend on cell geometry, cell wall thickness, and wall mechanical properties.
Wall stresses provide the mechanical force needed to expand an extensible cell wall. The thinner the wall, the higher the stress, all other factors being equal, and this rule conforms to a study of cell growth in Arabidopsis hypocotyls [29] , which found that thin-walled cells grew faster than cells with thick walls. Additionally, cell shape plays a major role in the pattern of wall stresses. For instance, while wall stresses in spherical cells are isotropic, in cylindrical cells the circumferential wall stress is twice that in the longitudinal direction [30, 31] . Real cells assume more complicated shapes, resulting in more complicated patterns of wall stress, with potential for 'hot spots' at wall junctions and thin regions [32] . Formal analysis of such stress patterns, however, seems to be missing in the literature. With turgor pressures of 0.3-0.9 MPa (w3-9 atmospheres) common in growing cells [28] , wall tensile stresses are estimated as w10-50 MPa (the larger the cell diameter and the thinner the wall, the greater the wall stress). These stresses dwarf the forces generated by the cytoskeleton (see below), which means that, to enlarge, plant cells must manipulate their solute composition (and thereby their turgor) or manipulate wall rheology. As a general rule, growing cells dynamically manipulate the cell wall, in some cases changing wall extensibility within minutes or even seconds. Although cell wall stress distribution is important, it is trumped by cell wall anisotropy (i.e., greater extensibility in the axial direction than in the transverse direction) and cell wall loosening processes. Cell wall anisotropy is determined by cellulose microfibril alignment and it largely determines the local pattern of cell wall surface expansion, while cell wall loosening processes determine whether or not a patch of cell wall is capable of yielding to wall stress. Both cell wall attributes are controlled indirectly by intracellular processes.
Wall strength comes from a scaffold of long cellulose microfibrils linked together by flexible matrix polysaccharides that bind to the surfaces of the cellulose microfibrils ( Figure 2B ). Gel-forming polysaccharides (pectins) act as hydrophilic plasticizers between the microfibrils, keeping the growing cell wall both pliant and strong. Cellulose microfibrils in growing cells are estimated to be 2-4 nm in diameter [33] and consist of w30-40 b1-4 D-glucans arrayed in parallel in a crystalline ribbon that is at least many micrometers in length. Matrix polysaccharides such as xyloglucan and arabinoxylan bind to cellulose surfaces and link microfibrils together, either directly or indirectly, so that they form a strong network. By coating the cellulose surfaces, the matrix polysaccharides also reduce cellulose-cellulose contacts, which tend to be sticky points [34] , and may help organize the microfibrils into parallel arrays [35] . Additional covalent and ionic crosslinks between matrix polysaccharides increase wall strength, eventually locking the cell wall into an inextensible state upon cell maturation [36] .
In elongating cells in the root and stem, cellulose microfibrils are deposited in roughly parallel arrays transverse to the cell's long axis [37] [38] [39] [40] , conferring a mechanical bias (A) Turgor pressure (P) is virtually uniform and isotropic within all internal compartments of the cell, and the outward force of turgor against the plasma membrane is balanced by an equal and opposite inward force exerted by the cell wall against the plasma membrane (black arrows). This inward force generates a tensile stress in the plane of the cell wall (yellow arrow). Turgor pressure arises from accumulation of osmotically active solutes in all intracellular compartments, resulting in transmembrane water flows (red arrows) to establish water equilibrium. The swelling of the protoplast is restricted by the cell wall, giving turgor pressure inside the cell and wall stress in the plane of the cell wall. Note that the osmotic pressure of the cytoplasm and vacuolar sap are equal, but different solutes make up these two compartments. The uniform turgor pressure within the cell means that cytoskeletal elements can move subcellular objects without having to do extra work against turgor pressure. (B) A sketch of cellulose microfibrils (thick brown rods) being 'spun' from a cellulose synthase complex (red) and linked together via Golgi-derived matrix polysaccharides (gray) which may be pressed into the cell wall and linked to cellulose by physical binding and enzymes. Newly synthesized wall materials are deposited in a relaxed state and become load bearing only after they become integrated into the wall network and elastically stretched by wall enlargement so that they begin to resist further stretching. At this point, biophysical loosening of the cell wall network by expansins or other loosening agents is required to cause wall stress relaxation, water uptake and continued cell growth. for extension in length rather than width. Consequently, such cells elongate much more than they expand, despite the higher wall stress in the circumferential direction. Matrix polysaccharides -which are major determinants of wall elasticity, plasticity and breaking strength -align with the cellulose microfibrils [41, 42] . Recent images of growing cell walls by atomic force microscopy show neatly parallel arrays of fibrils [40, 43, 44] ( Figure 3 ). The fibrils appear to be w10 nm wide, which is too wide for bare cellulose microfibrils, but is reasonable for cellulose coated with a dense layer of matrix polysaccharides or for bundles of microfibrils. These images do not show obvious cross bridges between microfibrils. The frequency and dynamics of such linkages are key parameters for biophysical models of cell walls [34, 45, 46] , but they are just guesses at this time. In earlier studies, cell wall matrix polysaccharides were extracted to visualize the cellulose microfibrils, and apparent cross-bridges were noted [47] , but artifacts due to wall preparation are hard to discount and in any case such images are difficult to interpret quantitatively.
Plasma Membrane-Cell Wall Contacts
Because turgor presses the plasma membrane tightly against the cell wall, which pushes back on the membrane, the two structures usually are in intimate physical contact ( Figure 2 ). However, exocytosis of vesicles containing matrix components may transiently displace the plasma membrane from tight physical contact with the wall. In this case, the turgor-backed membrane will press the newly secreted macromolecules into the wall, but their high viscosity will slow the process, creating a pressurized pocket of wall materials that will be pressure-driven into the cell wall [48] . Turgor may thus augment diffusional movement of newly deposited matrix polymers into the cell wall, enhancing their physical and enzymatic integration into the wall [49] . This is important for strengthening the growing cell wall and counteracting the weakening that occurs as the wall extends [45, 50] .
The activities of integral membrane proteins such as ion channels, aquaporins, receptors, NADH oxidases, and cellulose synthase complexes (CSCs) are likely modulated by turgor pressure, which directly compresses the plasma membrane and stretches it, intensifying the membrane's electrical field and distorting integral membrane proteins [51, 52] . Additionally, turgor appression of the plasma membrane into the wall can influence the localization of membrane proteins on the cell surface. For example, the distribution of the K + channel KAT1 in the plasma membrane of guard cells was found to match the radial pattern of cellulose microfibrils in the cell wall; when turgor was reduced, the radial KAT1 distribution was lost but returned when turgor was restored [53] . This type of wall-membrane interaction potentially influences developmental fates of cells [54] .
Wall Loosening and Stress Relaxation
Non-growing cells attain water equilibrium quickly (a few seconds) and thereafter cell size remains static. Growing cells, in contrast, take up water and enlarge for many hours or days. This is accomplished by cell wall loosening and wall stress relaxation, which reduces cell turgor and provides the impetus for further water uptake by the cell [27, 55] .
Cell wall loosening may occur over the entire wall surface or it may be a local action. In the latter case, water uptake occurs across the whole plasma membrane, but the wall extends only locally. A striking example of this is seen at the onset of root hair formation in Arabidopsis, when a small patch of the outer epidermal cell wall becomes acidified by the local activation of H + -ATPases [56] . Low pH activates expansins, which catalyze stress relaxation and extension of cell walls [57] . Genes for root-hair-specific expansins are suddenly expressed at this specific time point [58] and expansin protein accumulates in the site of root hair formation [59] . Simultaneously, wall enzymes such as xyloglucan endotransglycosylase are activated at the same locale [60] , perhaps also via the localized wall acidification.
The cytoplasm and plasma membrane may modulate the spatial pattern and timing of cell wall expansion via several pathways. Firstly, the directionality of cell wall expansion is determined by the orientation of cellulose microfibrils, which are the products of CSCs moving in the plane of the plasma membrane, leaving a cellulose microfibril behind them [61] . Secondly, matrix polysaccharides are secreted by Golgiderived vesicles and spontaneously associate with cellulose surfaces. One study showed that manipulation of xyloglucan size alternatively slowed or accelerated growth, for long and short xyloglucans, respectively [62] . It follows that by varying the rate of xyloglucan synthesis in the Golgi as well as the transit time from the Golgi to the plasma membrane, cells might control the size of the xyloglucans being delivered to the cell wall, and thereby modulate wall expansion. Thirdly, wall-modifying enzymes are secreted to the wall where they may modify its structure. For example, xyloglucans may be cut by endoglucanases [63] , cut and ligated together by endotransglucosylases [50, 64, 65] , cross-linked to pectins by unknown reactions [64, 66] , or de-branched by xylosidases [67] . Each of these reactions will influence the cellulose-xyloglucan network and may modulate its extensibility. Analogous reactions probably occur for most of the other matrix polysaccharides. Pectin methyl esterases, whose activity leads to stiffer pectin gels and reduced cell growth [68, 69] , are secreted at late stages of growth and activated by high pH. This is likely one of multiple mechanisms for cell wall stiffening. Fourthly, expansins are delivered to the cell wall via the Golgi pathway [57] to stimulate wall stress relaxation. In Zinnia xylary cells, expansin mRNA is localized to one end of the cells, probably associated with localized secretion of expansin to the cell wall [70] . Fifthly, activation of the plasma membrane H + -ATPase reduces wall pH, activating expansins and reducing the activity of pectin methyl esterases. Finally, activation of membrane NADH oxidases may stimulate redox-dependent crosslinking or lytic reactions in the cell wall and modify cell wall enzyme activities [71] .
To summarize this section, the growing plant cell builds a strong but flexible cage around itself, stretches it nondiscriminantly using its turgor pressure, and then selectively expands either the whole wall or parts of it by manipulating the cellulose-matrix network.
Cytoplasmic Control of the Cellulose Network: Integration of Cytoskeletal Functions During Cell Wall Synthesis and Remodeling
CesA-Microtubule Co-Alignment Because the cellulose microfibril network is the primary determinant of anisotropic cell expansion, its orientation and distribution in the cell is tightly regulated. Early experiments discovered a colchicine-dependent alignment of cellulose microfibrils that led to the hypothesis that cytoplasmic fibers dictate the alignment of cellulose microfibrils [72] . Subsequent electron micrographs repeatedly detected an obvious co-alignment of microtubules and cellulose microfibrils [73, 74] and generated support for the idea that microtubules might determine the directionality of cellulose biosynthesis [38] .
The recent combined use of forward genetics and live cell imaging has greatly accelerated the field. For example, chemical genetic and morphology-based screens in Arabidopsis have identified genes that encode the catalytic subunits of the CSC [75, 76] . A key breakthrough was the generation of functional fluorescent proteins tagged to the cellulose synthase subunit CESA6 and to tubulin to simultaneously visualize motile particles, corresponding to CSCs and dynamic cortical microtubules [61] . The trajectories of CESA6 motility matched the location of cortical microtubules and microtubule bundles. The bidirectional movement of CSCs on microtubule bundles and the preferential localization of the complex to sparse microtubules of oryzalintreated cells suggested some sort of physical association of the CSCs with the microtubule rather than microtubules acting as a passive barrier for lateral movement of the CSCs in the plane of the membrane as had been previously proposed [77] . However, the process of ordered cellulose microfibril synthesis is complex and includes multiple levels of control. Microtubule-independent generation of ordered cellulose microfibril arrays was suggested by the observation of ordered cellulose microfibrils in cells with a severely disrupted microtubule cytoskeleton [78, 79] . Consistent with this idea, aligned trajectories of CSC motility can originate in the absence of organized microtubules [61] . There also appears to be coupling between CSCs and the microtubule cytoskeleton, because compounds that block cellulose synthesis also disrupt the microtubule array [80] . The recent findings that mutations in the cellulose synthesis machinery disorganize the microtubule cytoskeleton [81] and cause hypersensitivity to microtubule polymerization inhibitors [82] provides further evidence for interactions between the microtubule cytoskeleton and the cellulose synthesis machinery.
Dynamics of the Plant Cortical Microtubule Array
Given the critical importance of cortical microtubules for cell wall patterning, there is great interest in understanding the molecular and cellular control of this cytoskeletal array. In expanding plant cells, cortical microtubules do not originate from a centrosome. Instead, microtubule nucleation is distributed. New microtubules arise de novo from discrete cortical locations [83] and from gamma-tubulin-mediated nucleation from the sides of existing microtubules [84, 85] . The ability to resolve individual microtubules that lie parallel to the plasma membrane provides a unique opportunity to directly measure the kinetics of populations of microtubules and microtubule bundles in the cortex of living cells [83, 86, 87] . The combined use of live cell imaging and Arabidopsis cytoskeletal mutants that affect the dynamics, bundling, severing, nucleation, and membrane association of plant microtubules has greatly increased our knowledge of how the cortical array is generated [88] [89] [90] . For detailed discussions of plant cortical microtubule dynamics the reader is directed to several excellent recent reviews that discuss the formation of the cortical array [13, 91, 92] , components of the plant microtubule plus-end tracking complex [93] , and the effects of the microtubule array on cell shape and tissue organization [94] . For this article we will limit our discussion to two key aspects of the plant microtubule cortical array that may dictate spatially controlled cellulose synthesis: microtubule nucleation and treadmilling at the plasma-membrane-cytosol interface and the generation of a dynamic network of stable transverse microtubule bundles.
The close association of the plant microtubule cytoskeleton with the plasma membrane was originally inferred based on electron micrographs [73] and subsequent electron microscopy studies that detected proteins that appeared to crosslink microtubules to the plasma membrane [95] . Live cell imaging of cortical microtubules reinforces the idea that cortical microtubules are stably attached to the cortex along their length. The growing plus end of the microtubule appears to be rapidly tacked down to the cell cortex, and when detachment events were observed, the microtubule was exposed to the streaming cytoplasm, leading to vigorous oscillations and instability [83] . The proteins that mediate cortical attachment of microtubules are not well characterized; however, the putative plus-end tracking Arabidopsis protein CLASP is required for a stable association of microtubules with the cortex and affects the overall organization of the array in leaf pavement cells [89, 96] .
The dynamic behavior of cortical microtubules in the cortex is very interesting [83, 86] . The microtubule plus end displays dynamic instability and transitions between elongation, pause, catastrophe, and rescue. Meanwhile, the minus end is often uncapped, and it displays a fairly consistent rate of disassembly [83] . The combination of treadmilling and cortical attachment allows the microtubule to migrate and explore the two-dimensional space underlying the plasma membrane. Two aspects of this treadmilling behavior present problems in terms of regulating the orientation of the cortical array and the trajectories of CSCs. First, there is no spatial bias to the microtubule nucleation and treadmilling behavior that could generate an ordered cytoskeletoncellulose-synthesis system. Second, the microtubules are moving fast relative to CSCs [92] . The rate of microtubule movement along the cell cortex is w5 mm/min [83, 86, 97] and is about an order of magnitude faster than estimates for the rate of CSC movement in the bilayer [61] . An analogous human experience would be to try and catch a ride on an airport floor escalator as the whole contraption zips down the concourse at w40 miles an hour. Therefore a functional track for CESA complexes must be fairly long lived and properly oriented. The recent reports that Golgi stacks and small organelles that are loaded with CSCs pause and deliver the complex at stable microtubules may present a partial solution to this problem [98, 99] .
Self-Assembly of a Cortical Microtubule Network
Regulated bundling of cortical microtubules is a critical activity in the cell that contributes to spatial organization of the array and its stability. Dixit and Cyr made the key observation that as a treadmilling microtubule approaches an existing microtubule, the outcome of the interaction is sensitive to the angle of approach [87] . When a microtubule plus end approaches another microtubule at a shallow angle (<40 ), the microtubule changes direction abruptly and is 'zippered' into a bundled configuration. Microtubule bundling at extremely shallow angles (<20 ) approached 100%, indicating that bundling was insensitive to the polarity of the existing microtubule. Microtubule-associated proteins (MAPs) of the MAP65 class can generate ordered microtubule crossbridges [100] and may generate populations of bundled microtubules in vivo [101] . MAP65-generated bundles could be more long lived due to direct stabilization of the microtubules by the MAP [102] or by the ability to recruit a steady supply of new microtubules into the bundle [83] . Interestingly, angle-dependent catastrophe was also detected in tobacco BY-2 cells [87] . In these cell types, as the angle of the encounter between two microtubules approached 90 , the probability of a catastrophic collision increased. Computer modeling and simulations of inter-microtubule interactions demonstrated that angle-dependent modulation of bundling and microtubule stability has the potential to select against discordant microtubules and generate locally ordered microtubule arrays. However, cell types may vary in their ability to tolerate crossover events between two microtubules. For example, Arabidopsis cotyledon pavement cells tolerate discordant microtubules and have a net-like arrangement of cortical microtubules [88] . Petiole epidermal cells have a more typical cylindrical shape, and appear to utilize microtubule severing at points of microtubule crossover to select against discordant microtubules and maintain a typical transverse cortical array [88] .
The above discussion provides an indication of how microtubule dynamics, MAPs, plus-end binding proteins, and microtubule-severing proteins can generate local order in the cortical array. Patterned local alignment of microtubules provides a framework to understand one important component for cell shape control in complex cell types such as epidermal pavement cells [25, 103] , lobed mesophyll cells [10] , and the developing xylem [104, 105] . However, it is not clear how simple cylindrical cell types acquire a global net transverse alignment. The modeling studies referred to above [87] generate local order, but the clustered microtubules are randomly oriented. It is unlikely that individual cortical microtubules can monitor cell ends or the curvature of the cell since microtubules are short relative to cell length and circumference [83, 95] .
Surprisingly, the global orientation of the microtubule array is highly sensitive to mutations in alpha and beta TUBULIN subunit genes [94, 106] . Exhaustive screens for root twisting mutants identified 32 different TUBULIN alleles that altered the handedness of the cortical microtubule array and root twisting in a highly predictable manner [107] . The handedness of the array does not appear to reflect the handedness of spiraling seams that are intrinsic to microtubules with different protofilament numbers. Instead, direct measurement of microtubule dynamics in selected mutants revealed a strong correlation between the stability of the microtubule array and the presence of left-or right-handed helical arrays of microtubules.
This and other genetic systems provide unique opportunities to understand how biochemical differences in the microtubule system translate into altered cell shape. The distributed nature of the plant cortical microtubule array also may lead to the development of robust image segmentation techniques that extract information on the microtubule behavior in large areas of the cell. Combined with standardized assays for the geometry of the microtubule array [87, 91] , the time is ripe to develop predictive models for array generation and cell shape control.
Actin Bundles and Regulated Acto-Myosin-Dependent Intracellular Transport
The plant actin cytoskeleton consists of intricate networks of cytoplasmic and cortical filaments that modulate cell shape during both tip [108] and diffuse growth [22, 109, 110] . Because microtubules are primarily restricted to the cortex, it is the actin array that truly functions as an intracellular cytoskeleleton to organize the endomembrane system and define the motility patterns within the cell [111, 112] . Although there are many different types of actin arrays in the cell, it is the actin bundle network and the associated acto-myosin transport that are best understood in the context of cell shape control. Actin bundles are the roadways for the long distance transport of a variety of organelles, including the Golgi [113] [114] [115] . It has recently been shown that disruption of the actin network causes a patchy distribution of the Golgi and CSC delivery [99, 116] . The failure to accurately traffic CSCs is expected to lead to heterogeneity in cell wall thickness and this could explain the severe cell swelling phenotypes of actin mutants [110] . Therefore, during diffuse growth, the synthesis and remodeling of the actin bundle network has a major impact on the growth behavior of the cell.
In the cell, actin bundles are specialized, long-lived structures [117] , and oriented actin bundles are frequently observed in regions of polarized growth [22, 59] . Many actinbinding proteins and nucleators have the potential to generate actin bundles. Plants possess unique non-processive FORMINs that combine actin filament nucleation and filament side-binding activity to generate complex arrays of large actin bundles in vitro [118] . Other actin filament nucleators such as the actin-related protein 2/3 complex [119] may function in concert with bundling proteins such as A myosin motor that is anchored to a cortical site via an interaction with an unknown protein moves toward the barbed end of the bundle and pulls it against the tonoplast (middle panel). The right FIMBRIN [120] or VILLIN [121, 122] to generate actin bundles that are subsequently organized with respect to the growth axis of the cell. Cargo binding and long distance myosin-dependent intracellular transport on actin bundles is a general feature of plant cells [123] . Class VIII and class XI myosin gene families are widespread in the plant kingdom, and a plant myosin XI has been shown to be a fast (w3 mm/sec) processive motor that is stated to move toward the barbed (+) end of actin filaments [124] . The importance of myosin XI-based motility is reflected in the reduced stature and root hair phenotypes of Arabidopsis myosin XI mutants [125, 126] . The in vivo relevance of the cargo-binding and transport activities of myosin is implied based on clear correlations between reduced rates of organelle motility and the severity of mutant phenotypes. Myosins also appear to exert forces on the actin filaments [117] and may also accept actin bundles as cargo. Transvacuolar strands (TVSs) contain actin bundles that penetrate the central vacuole [127] and their movement along the cell cortex is sensitive to both myosin and F-actin inhibitors [127, 128] . If a myosin can accept an actin bundle within a TVS as cargo while moving along another cortical actin bundle, this presents a mechanism to relocalize TVSs from distant locations in the cell to the ends of cortical actin bundles. Mechanistically, this is similar to the ability of the yeast myosin Myo2p to deliver organelles to the daughter cell bud [129] , except in this case the cargo is proposed to be actin bundles. Figure 4A shows a region of a leaf pavement cell in which an actin bundle within TVS segment 'a' moves to the right along the cell cortex at w2 mm/sec. TVS segment 'b' also slides rapidly along a large central actin bundle 'd' that defines a long tunnel through the central vacuole. A myosinbased model for bundle and TVS organization requires the existence of polarized actin filaments within bundles [121] , a + end directed myosin [124] that can coordinate the actinbinding activities of the motor and cargo domains, and the lack of crosslinking between actin bundles that would prevent translational movement of one bundle relative to another. If these are general properties of plant cells, then myosindependent transport of actin bundles could define intracellular transport routes at the whole cell level.
Myosin-dependent tension on actin bundles may also provide a mechanism to update intracellular trafficking routes as the cell expands. The generation of new TVSs is myosin-dependent [128] and, interestingly, large actin bundles laterally associate with and 'gather up' ridges of vacuole membrane [127] . A combination of anchored myosin motors acting on long actin bundles could drive TVS formation. In time-lapse live cell imaging experiments, large actin bundles observed in cross-section ( Figure 4C, D) move toward the vacuole lumen and form convoluted membrane sheets. Myosin-generated tension forces of w100 pN/filament may be sufficient to overcome the membrane tension of the tonoplast (vacuole membrane) and create new supply routes for organelle trafficking to specific cortical sites. The vacuole membrane that is driven within the vacuole is closely appressed in the neck-like region between the actin bundle and the outer perimeter of the central vacuole. Vacuole sheets such as these can fuse and yield a tubular TVS containing an actin bundle [127, 128] . A model for an anchored cortical myosin motor pulling an actin bundle toward the center of the vacuole is shown in Figure 4E . These motor-generated trafficking routes may either generate or reinforce organelle trafficking to sites of active cell expansion.
Actin Filaments at the Plasma-Membrane-Cell-Wall Interface A major challenge in plant cell biology is to define more precisely how networks of individual cortical actin filaments interface with the cellular growth machinery. In the context of cell expansion, the plasma-membrane-cell-wall interface is the location for the delivery of vesicles that contain cell wall polysaccharides and the endocytic uptake of membranes, protein, and apoplastic fluid. The cortex of expanding cells is populated by mixed orientations of actin filaments and/or bundles [22, [130] [131] [132] , and based on the presence of finely divided actin filament networks or diffuse F-actin signal in regions of cell expansion [26, 108, 133] , it is commonly hypothesized that a primary function of cortical actin filaments is to provide tracks for vesicle-mediated secretion to the plasma membrane [111, 112] . However, there is very little direct knowledge about the organization of the cortical actin array, the cellular locations of vesicle fusion, and the patterns of cell expansion. In a recent live cell imaging study of the cortical actin cytoskeleton, dynamic filaments, which are likely to reflect the behavior of individual actin filaments, were very short-lived with their dynamics being dominated by frequent rounds of polymerization and severing [117] . Surprisingly, there were relatively minor differences in the filament behaviors of growing and non-growing cells, leading the authors to propose a mechanism of actin filamentmediated cell surveillance in plant defense responses rather than a stable track for directed vesicle delivery.
To frame the discussion of cortical actin in plant cells, it is a useful exercise to compare some of the cytoskeleton machinery and boundary conditions in plant and animal cells. With respect to the biochemical control of the actin cytoskeleton, plant and animal cells appear to use some of the same cytoskeletal proteins and signaling complexes to generate actin filament networks [119, 134, 135] . Although the potential for similar cell shape control mechanisms in plant and animal cells at the cortex has been discussed [136] , such a scenario is unlikely if one contrasts the magnitude of the forces acting at the cytosol-plasma-membrane interface. For example, in cultured animal cells that crawl on and attach to a solid substrate, there are distinct cortical actin structures that are easily detected and direct the observer to potential mechanical functions [137, 138] . In these cell types the weak (w1 pN) forces of actin monomer addition to an elongating actin filament [139] can counter the tension of the plasma membrane [140] . As stated above, the turgor pressure of plant cells needed to change cell wall shape is w0.6 MPa (Figure 2 ). The densest actin filament networks contain filaments that contact the plasma membrane with a mesh size of w10 nm [140] . This means that within a 1 mm 2 area of membrane there may be up to w10 4 actin filaments pushing on it. If an estimated force panel is a view through a transvacuolar sheet of cytosol that is formed when the motor drags the bundle toward the vacuole lumen (colored yellow) and invaginates the tonoplast. The plane through the transvacuole sheet includes a thin layer of cytosol (light blue) and a face-on view of the phospholipid head groups of the tonoplast (gray dots). The fusogenic properties of the tonoplast allow a vacuole sheet to be converted into a transvacuolar strand [151, 152] . The actin bundle is adapted from Molecular Biology of the Cell (fourth edition).
of w1 pN/filament is perfectly coupled to a force on the membrane, then a pressure of 10 4 pN/mm 2 or 0.01 MPa would be generated: about 60-fold less than turgor pressure. These generous estimates for actin network force generation argue against a direct role for actin-filament pushing as a mechanism to drive or consolidate cell boundary modification.
Rather than generating force or functioning as tracks for vesicle secretion, dense patches of cortical actin may serve as patterning elements during morphogenesis. In many cell types, dense actin patches displace cortical microtubules as the cortex is remodeled for polarized growth [25, 59] . These broad domains of cortical actin may subsequently capture or generate oriented actin bundles that position and traffic organelles to cortical domains of active cell expansion. As an example, the transition from a root hair bulge to a tip growing structure is strictly actin dependent [110, 141] , and during this geometric transformation a broad domain of cortical actin displaces cortical microtubules and precedes the formation of oriented actin bundles [59] . In this cell type, actin-dependent trafficking of the NADPH oxidase (RHD2) to the plasma membrane is an important early step during the transition to tip growth [142] . Localized cortical actin domains are also implicated as patterning elements in lobed epidermal pavement cells [24] [25] [26] 143] and leaf trichomes [22, 109] . For each of the above mentioned cell types, there are opportunities to integrate mutant analyses with time-dependent studies of actin organization [117] , trafficking of key wall-modifying proteins [142] , and measurements of the patterns of wall deposition [23] . Such an approach will better define the assembly mechanisms and functions of actin networks in plant cells.
Supercellular Wall Stress as an Organizing Force in Plant Morphogenesis
Because plant cells are attached to their neighbors, they can push against each other, effectively transmitting their turgor force to the stiffest (least compliant) walls in the tissue. This can result in something called 'tissue tension', in which wall stresses arise in certain cell layers not only due to their internal turgor pressure, but from turgor forces of cells with highly compliant cell walls. Tissue tensions have been studied most notably in young stems where the outer epidermal wall is much thicker than the internal cell walls and is believed to pose a significant restraint on the elongation of the stem as a whole [144, 145] . In a cylindrical stem, the pattern of tissue tensions is relatively simple. It becomes more complicated in a structure like the shoot apical meristem, where growth of internal cells and enlarging leaf primordia lead to complicated patterns of wall stress on the meristem surface. Wall stress leads to wall strain (deformation), and with the plasma membrane and cytoskeleton anchored to the cell wall, wall strain can reorient the cytoskeleton. This relationship could potentially result in an interacting system of wall-cytoskeleton feedback, response, reinforcement, and a coordinated pattern of cell growth across the meristem. This idea was developed in great detail by Paul Green who showed that the changing pattern of cell wall expansion on the meristem surface was linked with parallel changes in microfibril and microtubule orientation. Green championed the notion of physical forces as important players in establishing and maintaining patterns of morphogenesis and dynamics in meristems and other selforganizing tissues [146] . This concept was advanced by innovative experiments in which expression of the cell-wall loosening protein expansin was induced in local regions of the shoot apical meristem by use of transgenic plants bearing an expansin gene under the control of a tetracycline-inducible promoter [147] . Local application of the inducer to certain regions of the meristem led to premature induction and outgrowth of a leaf primordium. This disturbed the natural pattern of leaf primordium initiation on the flanks of the meristem, causing a stable reversal of the phyllotactic pattern of leaf initiation. As noted by Green [148] , the special feature of expansin is that it makes the cell wall more compliant and is not known to take part directly in signaling processes. This experimental result was interpreted to mean that physical forces participate in the signaling network controlling meristem patterning and cellular differentiation. Further work along these lines was reported by Hamant et al. [7] , who developed a mathematical model for the responses of cells and tissues to mechanical stress in the epidermal layers of the meristem. They found that microtubules in the Arabidopsis shoot apical meristem oriented along the lines of predicted cell wall stresses, as anticipated by Green. Furthermore, by means of laser ablation and squeezing the meristem to alter the strain patterns in a predictable way, they observed subsequent changes in microtubules, which became aligned parallel to major stress lines.
The work of Hamant et al. [7] beautifully illustrates the power of combining live cell imaging of cell and tissue patterning elements with biophysical models for morphogenesis. As many plant cell types and tissues are amenable to both genetic manipulation and high resolution live cell imaging, there are many opportunities to develop predictive models that define the contributions of cytoskeletal and cell wall biosynthetic systems during cell shape change.
